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In the last two decades, considerable progress has
been made in the field of molecular biology, which
has enabled a molecular-level understanding of a
number of interesting biological events. In particular,
the discovery of a family of moving proteins and their
assemblies has attracted particular attention not only
of biologists but also of chemists and physicists.1-5
In response to certain biological stimuli, these proteins perform directed or programmed motions, similar to many tools and machines used in our daily life.
Such biological molecular machines play essential
roles in a wide variety of biological events, particularly those related to the activities of cells,1 and
realize specific functions through their stimuliresponsive mechanical motions.
Cytoplasmic proteins such as myosins, kinesins,
and dyneins are called “molecular motors” and are
the most extensively studied molecular machines.2-5
These protein-based supramolecular conjugates are
known to switch back and forth along linear tracks
of actin filaments or microtubules and transport
substrates at the expense of adenosine triphosphate
(ATP) as fuel. The flagellum is a huge protein
conjugate that controls the swimming motion of
bacteria.6 The bacterial flagellar motor consists of (1)
flagellar filaments that are 15 µm long and 120-250
Å in diameter and a (2) motor domain that rotates
the flagellar filaments alternately in clockwise and
anticlockwise directions. This unique behavior of
rotation allows bacteria to swim desirably. ATP
synthase is a different type of a molecular machine,
which synthesizes and hydrolyzes ATP through its
rotary motion.7-9 ATP synthase is built up of two
different machinery components, that is, F1 and F0,
where the rotation of the former is driven by the free
energy released from the hydrolysis of ATP to
adenosine diphosphate (ADP); the latter rotates by
a flux of ions passing through a membrane and
synthesizes ATP. This huge protein complex has a
shaft, which rotates just like real rotary motors. Since
the rotary motion of ATP synthase occurs in a
stepwise manner in response to the hydrolysis of
ATP, it is regarded as a biological stepping motor.
In addition to these molecular motors, some other
biological machines are known, where the hydrolysis
of ATP triggers different types of mechanical motions.
Representative examples include the family of chap-
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to achieve directed motions. Thus, these machines
are potential components in the fabrication of intelligent nanodevices. Semibiological molecular machines with DNA-based components have also been
reported, where stimuli-responsive transitions of
DNA strands are utilized to realize machine-like
directed motions.13 Along with these biological and
semibiological approaches, the design of artificial or
fully synthetic molecular machines, capable of performing directed motions similar to those of biological
machines, has attracted long-term attention.14-17
The present article gives an overview of the studies
on biological molecular machines, with an emphasis
on their “programmed” motions and potential applications to the fabrication of movable nanodevices.
The article also includes selected examples of semibiological and fully synthetic molecules and related
assemblies that are capable of performing directed
motions in response to certain stimuli. One of the
aims of this review is to bring together the research
areas of biological and artificial molecular machineries, which have most often been discussed separately,
and to initiate a new paradigm for the development
of intelligent nanodevices.

2. Biological Molecular Machines
2.1. Myosins
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eronin proteins, which adopt cylindrical shapes and
are capable of entrapping guest molecules, such as
denatured proteins, to assist in their refolding.10 The
hydrolysis of ATP results in an open-close conformational motion of the cylindrical cavity, thereby
triggering the release of guest molecules. Such biological molecular machines also include helicases11
and ribosomes,12 which move along the strands of
nucleic acids. These biological molecular machines
consist of different movable parts that are interlocked

Myosins are molecular motors that move along
actin filaments and have attracted attention for more
than a century. Myosins bind to actin filaments (Factin) to form actomyosins and walk unidirectionally
along the filament.1 An actin filament is a doublehelical supramolecular polymer of actin monomers
(g-actin: globular actin) with a pitch of 36 nm (Figure
1).18,19 One pitch includes 13 actin monomers. Myosins comprise a superfamily consisting of 18 different
classes with a variety of properties tailored for
cellular activities such as muscle contraction, vesicle
transport, membrane trafficking, cell locomotion,
cytoplasmic streaming, and signal transduction.20-23

2.1.1. Structural Aspects of Myosins
Myosins consist of one or two “heavy chains”, with
a molecular mass of ca. 200 kDa, and one to six “light
chains”, with a molecular mass of ca. 20 kDa, that
wrap around the neck region of the heavy chain just
like a necklace (Figure 2). The structure of the
myosin heavy chain can be divided into three domains according to their roles. The first domain,
located at the N-terminal of the heavy chain, has an
actin-binding site and serves as the motor. On the
opposite side of the actin-binding site is an ATPbinding site where the hydrolysis of ATP occurs. The
second domain includes a tail, which assembles and
positions the motor domains properly so that they
can interact with the actin filament. In some cases,
the tail domain is bound to cargo. Certain myosins
are known to contain within the tail domain a coiledcoil-forming region, which allows the dimerization of
the heavy chain. Such myosins are called doubleheaded myosins. The last domain forms a neck that
is connected to the light chains and calmodulin and
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Figure 1. Schematic representation of an actin filament (f-actin).

Figure 2. Schematic structure of double-headed myosin
composed of heavy and light chains.

serves as the “lever arm”, where a power stroke is
generated through the hydrolysis of ATP. Upon
treatment with a protease (trypsin), myosins are
cleaved into two stable fragments, one of which,
including the motor domain, is called heavy-meromyosin (HMM), while the other, carrying the tail
domain, is called light-meromyosin (LMM).24 The
motor domain of HMM preserves the ATPase activity
of the parent myosin and can walk along an actin
filament. Therefore, HMM has been investigated as
the smallest component of myosins. The following
sections highlight myosin II and myosin V, which
have been the most intensively studied myosins
toward a mechanistic understanding of the biological
motions of the myosin superfamily.

Figure 3. Crystal structure of myosin II subfragment S1.
The blue segment represents a heavy chain, while green
and red segments represent light chains.

2.1.2. Chemomechanical Properties and Application of
Myosin II
Myosin II is responsible for muscle contraction. It
was isolated in 186425 and is frequently called the
“conventional myosin”. The motion of myosin II has
become better understood since 1993, when the
crystal structure of a subfragment including the
motor domain was solved by Rayment and co-workers
(Figure 3).26,27
Myosin II is a dimeric protein with two motor
domains that moves along the actin filament from
the minus to the plus ends. In the actual muscle
system, myosin II forms thick filaments, which
assemble with actin filaments to form a “sarcomere”.
For the motion of myosin II, the “swinging lever-arm”
mechanism is currently a widely accepted model
(Figure 4).28 This model includes a catalytic ATPase
cycle consisting of four fundamental steps. In the
initial stage, myosin II is strongly bound to an actin
filament to form actomyosin (AM). In the second step,
binding of ATP takes place at an empty site located
at the motor domain of actomyosin, lowering the
affinity of the motor domain toward the actin filament. Consequently, actomyosin is dissociated into
the ATP-myosin II conjugate and the actin filament.

Figure 4. Schematic representation of the ATPase cycle
involving myosin II and actin filament. The cycle consists
of four fundamental steps initiated by the addition of ATP
to actomyosin.

The binding of ATP also triggers a conformational
change of the neck domain to give rise to a pivotal
motion on the motor domain. The third step involves
hydrolysis of the ATP-myosin II conjugate to give a
complex of an ADP-myosin II conjugate and phosphate Pi (ADP‚Pi-myosin II), which is then bound
to the actin filament. Since ADP‚Pi-myosin II has a
lower affinity than myosin II toward the actin filament, the composite of ADP‚Pi-myosin II with the
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Figure 5. Directed motion of actin filaments from plus to
minus ends on an immobilized myosin surface. On addition
of ATP, a fluorescently labeled actin filament moves on a
glass surface coated with myosin II.

actin filament is called a “weak binding state”. In the
final step, the ADP‚Pi-myosin II/actin filament
conjugate releases ADP and Pi stepwise. This results
in a conformational change of the motor domain, so
that the neck domain is tilted by almost 90° toward
the axis of the actin filament. This motion leads to
the contraction of muscles and is called the “power
stroke”. When ADP is released, the cycle returns to
the initial stage, that is, ATP-free actomyosin. This
model is supported by X-ray crystallographic studies
and many analyses.29-35
Recently, a different mechanism involving the
“biased Brownian ratchet model”36 has been reported
by Yanagida and co-workers.37,38 In this model, the
sliding motion of myosin II on the actin filament is
driven by a directionally biased Brownian motion.
Some experimental results have suggested that the
hydrolysis of one molecule of ATP allows myosin II
to move a longer distance than expected from the
previous model.39-41 By means of single-molecule
imaging combined with a laser trapping technique,
Yanagida et al. have shown that myosin II moves in
both the forward and backward directions in 9:1 ratio
with regular steps of 5.3 nm.40,42
Myosin II also moves in “in vitro” systems and may
be integrated into nanomechanical devices.43,44 Kron
and Spudich have reported that a fluorescently
labeled actin filament can move by the action of ATP
on a glass surface coated with myosin II (Figure 5).45
This system can be regarded as a “nanoactuator”, and
many related examples have been reported thereafter.46 For example, Suzuki and Nicolau have succeeded in detecting the directional motion of actin
filaments on myosin molecules aligned and immobilized on a shallow track that was microlithographically drawn on a polymer surface.47 More
recently, Månsson, Bunk, and co-workers have shown
that the actin filament moves only unidirectionally
without U-turns in a much narrower track, drawn
by an electron-beam technique.48,49 External forces
may be useful for controlling the motion of myosin
II. For example, Matsunaga and co-workers have
prepared myosin II attached to a magnetic particle
separated from magnetic bacterium and have tried
to control its movement on actin filaments with a
magnetic force.50
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Figure 6. Schematic structure of double-headed myosin
V composed of cargo-binding, tail, neck, and motor domains. Red and green segments represent heavy chains,
while blue and yellow segments represent light chains.

Figure 7. Optical trapping assay of directed motion of
actin filament on myosin V immobilized on a silica bead.
An actin filament is attached to polystyrene beads at both
ends and allowed to interact with myosin V, immobilized
on a silica bead.

2.1.3. Chemomechanical Properties and Application of
Myosin V
Myosin V transports a variety of intracellular
cargo, including organelles, along actin filaments.1,51
Myosin V is a dimeric myosin having two motor
domains (Figure 6). In 1999, Metha, Cheney, and coworkers reported that the motion of mammalian
myosin V is processive.52 The term “processivity”
means a nondissociate walking motion along an actin
filament. This pioneering study has contributed
significantly to the mechanistic understanding of the
motility of myosin V.
For continuous monitoring of the motion of actin
filaments, the group of Metha and Cheney has
developed an optical trapping assay system, where
an actin filament, attached to polystyrene beads at
both ends, is allowed to interact with myosin V,
immobilized on a silica bead (Figure 7).52 In a study
with this monitoring system, they have shown that
myosin V moves processively in large steps ap-
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Figure 8. Schematic representation of the ATPase cycle
of myosin V moving along an actin filament. In the twohead-bound state (A), the leading and trailing heads, both
conjugated with ADP, are attached to the actin filament.
The cycle is initiated by the replacement of one of the two
ADP molecules with ATP.

Figure 9. Schematic representations of the hierarchical
structure of microtubules. Microtubules are assemblies of
protofilaments, which are formed by the head-to-tail selfassembly of a heterodimer of two different protein subunits
called R- and β-tubulins (orange and purple segments,
respectively).

proximating the 36-nm helical pitch of the actin
filament at every hydrolysis event of an ATP molecule. The processive motion of myosin V has also
been supported by an observation that myosin V
(fluorescently labeled) continuously moves over a long
distance (several microns) unidirectionally.53 If the
dissociation/reassociation occurs frequently, myosin
V could stop in a shorter walking distance or go back
and forth between short distances. For this movement, the “hand-over-hand” mechanism has been
proposed.54,55 Figure 8 schematically shows a currently accepted mechanism for the processive movement of myosin V along the actin filament.56 The first
step involves a two-head-bound state, where the
leading and trailing heads, conjugated with ADP, are
both attached to the actin filament (Figure 8A). A
possible unbalanced tension between the two attached heads promotes the selective release of ADP
from the trailing head. After the release of ADP, ATP
is bound to the resulting vacant site and triggers the
dissociation of the trailing head from the actin
filament (Figure 8B). At this stage, the leading head
swings its neck domain (lever arm) to throw the
trailing head in front. The new leading head, thus
formed, hydrolyzes ATP to become an ADP‚Pi conjugate, which then rebounds preferentially to an actin
subunit in front of the partner head (Figure 8C).
Subsequently, the resultant actin-bound ADP‚Pi
conjugate releases phosphate Pi and returns to the
initial two-head-bound state (Figure 8A). In this way,
the myosin V dimer moves in a “hand-over-hand”
manner along the actin filament. Current mechanistic studies on the motility of myosin V have focused
on its structural dynamics at the individual steps.57
The processive motion of myosin V has the potential for the fabrication of artificial cargo-carrying
systems similar to those with kinesins described in
the following section. However, such applications
require tricks to align actomyosin. Superfine and coworkers have reported two-dimensional manipulation
and orientation of actin filaments by means of di-

electrophoresis,58 where actin filaments can be aligned
along electric field gradients using quadruple electrodes fabricated on a glass surface.

2.2. Kinesins
Kinesins are molecular motors that move along
microtubules and were discovered in 1985.59 They are
involved in the intracellular transport of organelles,
protein complexes, and mRNAs, and they also participate in chromosomal and spindle movements
during mitosis and meiosis. While myosins move
along actin filaments, kinesins walk along microtubules, which are hollow tubular assemblies having a
diameter of 24 nm and an 8-nm structural periodicity, and are larger than the actin filaments. Microtubules are assemblies of protofilaments, which are
formed by the head-to-tail self-assembly of a heterodimer of two different protein subunits called Rand β-tubulins (Figure 9).1,60,61 Microtubules have a
polarity with fast-growing (plus) and slow-growing
(minus) ends, and kinesins are allowed to move
unidirectionally using their motor domain on the
microtubules.62 Kinesins compose a superfamily
(KIFs). While the superfamily is categorized into 14
taxonomic groups,63 it is classified into three major
types. that is, N-terminal (11 classes), middle motor
domain (2 classes), and C-terminal kinesins (1 class),
depending on the topology of the motor domain.

2.2.1. Structural Aspects of Kinesins
Conventional kinesin and kinesin heavy chain
(KHC) both belong to the N-1 class and have been
studied most extensively. Conventional kinesin is
ubiquitous and expressed in many tissues,64 and it
consists of two 80-nm long heavy chains (120 kDa),
which are connected at their C-termini to two light
chains (64 kDa). Each heavy chain has a rodlike
structure composed of two globular heads, a stalk,
and fanlike ends (Figure 10)1,65,66 and carries at the
N-terminus a motor domain bearing ATP- and mi-
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Figure 10. Crystal structure of the kinesin dimer from
Rattus Norvegicus. Blue/red subunits and yellow/green
subunits are structurally identical pairs.

crotubule-binding sites. The motor domain has a
structural homology with those of myosins.67 The N-1
class also includes two highly related members,
which are expressed in the nervous system.68 Although most kinesins are two-headed, one-headed
kinesin, consisting of single heavy and light chains,
also exists69 and has been reported to move processively along a microtubule, similar to two-headed
conventional kinesin.70,71

2.2.2. Chemomechanical Properties of Kinesin Motors
Early studies on the mechanism of ATP hydrolysis
and related motions of kinesins have been carried out
with genetically engineered one-headed kinesins,72,73
and the following model has been proposed.1 In the
first step, ADP is tightly bound to the kinesin head,
and the resultant conjugate is connected to a microtubule. Then, ADP is released, thereby allowing the
motor domain to be bound to the microtubule more
tightly. In the second step, ATP is bound to the
kinesin/microtubule conjugate. This event can occur
rapidly and enhance the stability of the conjugate.
Then, a structural change, leading to the movement
of kinesin, immediately takes place.
Later, the motion of two-headed kinesins was
investigated by combining biochemical and structural
data for the ATP-hydrolysis cycle established with
one-headed kinesins. Figure 11 shows the currently
accepted mechanism involving a chemomechanical
model for conventional kinesin, originally proposed
by Hancock, Shief, and Howard, where the two motor
domains attach to and detach from a microtubule
alternately.73,74 Thus, conventional kinesin moves
along the microtubule from its minus to plus ends.
Studies with a fluorescently labeled two-headed
kinesin and laser trapping technique have suggested
that conventional kinesin moves processively, making
a discrete 8-nm step whenever it hydrolyzes exactly
one ATP molecule.75-77 Conventional kinesin, upon
binding with ADP, immediately binds to a microtubule (Figure 11A). Then, ADP is released from either
of the two heads to give a transition state, where one
empty head is bound tightly to the microtubule in
such a conformation that it may prevent the second
head, conjugated with ADP, from binding to the
microtubule (Figure 11B). Along with some biochemical data, cryo-electron microscopy (cryo-EM) has

Figure 11. Schematic representation of the ATPase cycle
involving kinesin and microtubule, where two motor domains attach to and detach from a microtubule alternately.
Orange and purple circles represent R- and β-tubulins,
respectively. The symbol φ indicates that the nucleotidebinding site is empty.

shown directly that, in the absence of nucleotides,
one head of kinesin is bound to a microtubule, while
the other remains free. In the next step, ATP is bound
rapidly to the resulting guest-free motor domain
attached to the microtubule, and then it is hydrolyzed
to give a kinesin‚Pi‚ADP/microtubule conjugate (Figure 11C). Subsequently, binding of the residual head
to the microtubule (Figure 11D), followed by a rapid
release of ADP, takes place, thereby locking the
motor domain into a two-head bound conformation
(Figure 11E). This transition allows the two heads
of kinesin to span 8 nm between successive tubulin
subunits. To complete the hydrolysis cycle, the trailing head is detached after the release of Pi (Figure
11F) and swings toward the plus end of the microtubule (Figure 11G). Upon repetition of this cycle,
conventional kinesin walks along a microtubule unidirectionally.
On the walking motion of two-headed kinesins, the
“hand-over-hand” and “inchworm” mechanisms have
been proposed.78-81 However, Block and co-workers
have reported that a certain kinesin moves with
limping along the microtubule and proposed the
“asymmetric hand-over-hand” walking model.80 The
main issue in these arguments stems from a consideration that the walking motion, which is asymmetric, should require the ATP hydrolysis to occur
not simultaneously, but sequentially at the two head
parts of kinesin. However, the two heads are composed of identical proteins and may hardly generate
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an asymmetric conformational change, leading to the
walking motion.

2.2.3. Application of Kinesin Motors
If kinesin-microtubule conjugates could be formed
outside the cell, one may realize “molecular shuttles”
that are capable of transporting cargo. From this
point of view, substantial investigations have been
made on the construction of in vitro shuttling systems
using kinesin motors.82,83 There are two approaches
for the evaluation of such motor systems.84-86 The
first approach makes use of a “gliding assay”, where
kinesin is fixed on a substrate and microtubules are
placed on its surface and allowed to move. In this
approach, one can use optical microscopy for observing the motion of microtubules, since they are large
enough to visualize. Another approach is called a
“bead assay”, where kinesins are allowed to walk on
microtubules immobilized on a substrate surface. In
this case, kinesins have to be fluorescently labeled
for the visualization of their walking motions. As
described in the above section, kinesin walks along
a microtubule from its minus to plus ends. If cargo
is to be transported in a certain direction using the
movement of kinesin on microtubules, the kinesin
should be added to a surface that is coated with
microtubules that are aligned in polarity. On the
contrary, microtubules can also be used as cargo
carriers when placed on a substrate functionalized
with kinesins. However, in this case, one has to
consider some tricks for the unidirectional movement
of all the microtubules.
Vogel and co-workers have utilized a highly oriented polymer film functionalized with kinesin and
succeeded in driving microtubules in straight lines
along the orientation axis of the film.87 More recently,
Hess and co-workers have reported a unidirectional
motion of microtubules in a kinesin-immobilized
2-µm channel with two undercuts (1-µm height and
200-nm depth), prepared by photolithography.88 Uyeda and co-workers have fabricated unidirectional
arrowhead patterns and immobilized kinesin inside
the patterns.89 When microtubules are placed in
these channels, they eventually move unidirectionally, since the movement of microtubules in the
opposite direction of the arrowheads is difficult. On
the basis of this technique, they have also succeeded
in the construction of microminiaturized circulators,
in which microtubules rotate unidirectionally. Furthermore, when two pools are connected by an
arrowheaded track, microtubules are actively transported from one pool to the other in the direction of
the arrowheads.
Some attempts on uniform alignments of microtubules have also been reported. Böhm and co-workers
have shown that the flow of fluid can be used to orient
microtubules into the same polarity.90 In this case,
constant flow is necessary to achieve a unidirectional
gliding motion of microtubules on a immobilized
kinesin surface. Stewart and co-workers have utilized
a surface-immobilized antibody, that is complementary to the minus end of a microtubule, for asymmetric capturing, and they tried to orient the plus
ends of the trapped microtubules downstream of the
flow.91 As the other approach, Hancock et al. have
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utilized short seeds of immobilized microtubules on
a substrate surface for initiating the polymerization
of tubulins, and they successfully obtained an oriented microtubule array.92
Shuttling of cargo has also been reported. Limberis
and co-workers have investigated the movement of
a silicon microchip by kinesin on an immobilized
microtubule under fluid flow conditions on a substrate surface.93 As observed by differential interference contrast (DIC) light microscopy, some of the
chips are translated, while others are rotated or
flipped over. Böhm and co-workers have reported that
cargo such as glass beads, gold particles, and polystyrene beads (diameter 1-10 µm) is unidirectionally
translocated by kinesin on microtubules aligned
parallel in an isopolar fashion in a much stronger
fluid flow.94 A more recent example includes the
transport of CdSe nanoparticles.95
The groups of Hess and Vogel have developed
several different kinesin-based nanodevices.82,83 For
example, the strengths of weak intermolecular bonds
have been measured by a kinesin-microtubule conjugate,96 and the system is called a “piconewton
forcemeter”. When a streptavidin-biotin complex is
submitted to this kinesin-based forcemeter, it dissociates at an applied force larger than 5 pN. They
have also shown that shuttling motion can be controlled by light.97 Kinesin moves along a microtubule
at the expense of ATP. When “caged ATP”98 is used
as a fuel, ATP is released upon irradiation with
ultraviolet light and drives the motion of kinesin. By
using this trick, one can reversibly turn on and off
the transportation of cargo in response to ultraviolet
light.

2.3. Dyneins
Dyneins are protein conjugates located in eukaryotic cells. Dyneins placed on microtubules carry cargo
toward the minus end of the track.99-101 Dyneins are
involved in diverse fundamental cellular processes
including mitosis, vesicular transport, and the assembly and motility of cilia and flagella. Nearly 15
forms of dynein have been found in vertebrates,
which are mostly “axonemal”, meaning that they are
associated with ciliary and flagellar movements,
while only two forms are “cytoplasmic”.1,101 Dyneins
also consume ATP as a fuel for the machinery.
In general, dyneins have very high molecular
weights, and their structures have not been well
established. Dyneins include heavy chains (∼520
kDa), which possess a motor domain with six ATPase
units. The molecular weight of the motor domain is
10 times as large as that of conventional kinesin.
Dyneins also contain a variety of additional subunits
called intermediate chains (ICs), light intermediate
chains (LICs), and light chains (LCs). Some of these
components are common to cytoplasmic and axonemal dyneins, whereas others are specific to dynein
subclasses. Dyneins are members of the ancient
AAA+ family of ATPases.102,103 As a common structural feature, the AAA+ family members possess a
hexameric ring consisting of ca. 35 kDa AAA ATPase
domains (Figure 12). In dyneins, the six ATPase units
are integrated in a single polypeptide chain to form
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Figure 12. Schematic structure of dynein (left) and crystal
structure of the ATPase domain (right) of AAA protein
NSF.

a ring. This structural feature is conserved in all
dyneins, from axonemal to cytoplasmic ones, at their
heavy chains. Dyneins possess two additional domains, projected out of the hexameric ring, which
play an essential role in the function. One of these
domains is called a “stalk”, which is 15-nm long and
emerges between AAA4 and AAA5. The stalk carries
an ATP-sensitive microtubule-binding site at its tip.
The N-terminal region of the hexameric ring is
connected to the other projecting object, which is
larger and referred to as the “stem”, capable of
docking with a cargo.
Recently, Burgess, Knight, and co-workers have
reported an electron micrograph of a dynein, which
is informative of the in vitro motion of this huge
protein conjugate.104,105 In a cycle of ATP hydrolysis,
release of ADP and phosphate from dynein results
in the power stroke motion. On hydrolysis of ATP to
ADP, a part of the stem closest to the AAA ring likely
folds up and lies against one face of the ring. A
change in the interaction between the stem and the
hexameric ring has been suggested to play a crucial
role in force generation. The structural visualization
of the motor domain is awaited for better understanding of the mechanism of the power stroke.

2.4. Bacterial Flagella
Many species of bacteria such as E. coli swim using
rotary motors attached to helical filaments called
flagella.1,106 The highly organized motor exists at the
cell envelope and is driven by a flux of ions across
the cytoplasmic membrane. Thus, flagellar motors
are different from linear motors of eukaryotes, which
are powered by the hydrolysis of ATP. A flagellar
motor can rotate its filaments in both clockwise and
counterclockwise directions.
The bacterial flagellar motor is one of the most
complicated objects found in bacteria and contains
more than 40 different proteins. It is 45 nm in
diameter, having a 10-15 µm long filament, and
consists of numerous protein subunits. Figure 13
shows a schematic structure of the bacterial flagellar
motor, which is composed of several fundamental
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Figure 13. Schematic structure of the bacterial flagellar
motor, composed of several fundamental parts such as
filament, hook, bushing, rod, stator, and rotor, each
consisting of one or more protein subunits.

parts such as filament, hook, bushing, rod, stator, and
rotor, each consisting of one or more protein subunits.
The filament and hook jointly work as a propeller for
driving cells. The motor is composed of a rotor and a
stator, and the flagellum is connected to the motor
through a rod embedded in a bushing. The essential
part of the machinery is called the “basal-body”,
which involves L-, P-, and C-rings along with the
above-mentioned stator, rotor, and rod. The torquegenerating part of the machine involves five proteins: MotA, MotB, FliG, FliM, and FliN.107 The
latter three proteins are referred to as the “switch
complexes”, as the switching function of the rotational direction is disabled upon mutation of these
proteins.108,109 The C-ring, composed of 34-35 molecules of assembled FliM and FliN,110,111 is capped
by a conjugate of the M- and S-rings called the MSring, which consists of 26 molecules of FliF.112 The
MS-ring is bound to the C-ring via a ring-shaped
assembly of FliG located on the cytoplasmic surface.
The rotor (FliG) transfers its torque to the MS-ring
and then to the filament. The stator is composed of
MotA and MotB, which are embedded in a membrane. Studies with electron microscopy have revealed that eight MotA and MotB molecules are
assembled together to surround the rotor to form the
“studs”.113 The MotA-MotB conjugate serves as a
proton channel and generates a torque. Mutation
studies114 on MotA and MotB have shown that the
torque is generated through protonation and deprotonation at Asp32 in MotB. Consequently, a conformational motion takes place in MotA and triggers the
rotary motion of the rotor part (FliG) by changing
the electrostatic interaction of the cytoplasmic domain of MotA with the C-terminal domain of FliG
(Figure 14).115 The mismatch in the numbers of
protein molecules between the C-ring (34-35) and
the MS-ring (26) has also been considered responsible
for the torque generation. Recently, a part of FliG
has been crystallographically defined by Lloyd and
co-workers.116 The structure is informative of the
mechanism of the torque generation. The rod included in the basal body consists of five different
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Figure 14. One of the proposed mechanisms for the rotary
motion of the bacterial flagellar motor. Through protonation and deprotonation at Asp32 in MotB, a conformational
motion takes place in MotA and triggers the rotary motion
of the rotor part (FliG).

proteins (FliE, FlgB, FlgC, FlgF, and FlgG), while
the bushing part in the cellular membrane is composed of L- and P-rings and threaded by the rod. The
hook and filament parts are polymers of hook protein
(FlgE) and flagellin (FliC, 25-60 kDa), respectively,
which further assemble with three other proteins
(FlgK, FlgL, and FliD) to form the propeller. The rod
connects the propeller to the motor in the cell
exterior.
The filament is composed of more than 10 000
copies of flagellin. Namba and co-workers have shown
by cryo-electron microscopy that the filament is
composed of 11 protofilaments of FliC. The protofilament is denoted as either R or L depending on the
twisting direction.117 When the 11 protofilaments are
all R or L, the resulting filament adopts a right- or
left-handed helical form with a straight shape. When
there is a mixture of R- and L-protofilaments, the
filament can adopt several different helical waveforms. The left-handed normal waveform propels cells
during a run.
Although the bacterial flagellar motor is more
powerful than other molecular motors,118 devices that
utilize the bacterial flagellar motor have not been
developed. This fact is due to the difficulty in isolating functioning motors outside of the cell, since the
motor components span the cell membrane. Darnton
and co-workers119 have demonstrated that bacterial
cells can adhere to much larger objects (such as 10µm beads or larger pieces of poly(dimethylsiloxane))
and propel them. The transport of smaller cargo on
single cells may also be possible. The strategy of
utilizing the existing motor machinery within swimming cells for the transport of cargo could lead to
new, hybrid biodevices.

2.5. ATP Synthases
ATP synthases are one of the most sophisticated
molecular machines in biological systems. ATP synthases are ubiquitous in all kinds of mammalian cells
and require a proton gradient for the synthesis of
ATP. On the contrary, if ATP is supplied, ATP
synthases generate an ion gradient. The structure of
the most essential part of ATP synthases is conserved
throughout the evolution, although there are some
variations in the number of subunits. In the following
section structural and mechanistic aspects of bacte-
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Figure 15. Schematic structure of ATP synthase composed of F1 (R-) and F0 (a-c). Both F0 and F1 act as
motors, which are driven by protons and ATP, respectively.

rial and mitochondrial ATP synthases are highlighted.

2.5.1. Structure of ATP Synthases
Bacterial and mitochondrial ATP synthases are
large protein complexes consisting of two domains
called F0 and F1 (Figure 15). Both F0 and F1 act as
motors, which are driven by protons and ATP,
respectively. The crystal structures of F1 and a part
of F0 have been solved by Walker, Leslie, and coworkers120,121 and are informative with regard to the
conformational changes associated with the hydrolysis of ATP and the proton flux. F1 represents the shaft
part, which rotates relative to the surrounding portion (F0). Due to their unique motions, F0 and F1 are
called rotor and motor, respectively. Since F0 and F1
can reversibly be dissociated and associated in response to a change in [Mg2+], their motions have been
studied independently.

2.5.2. Chemomechanical Properties of the F1-Motor
The rotary motion of ATP synthases was first
suggested by Boyer122 and later supported by the
crystal structure of the major part reported by
Walkers and co-workers (Figure 16).123 In 1997, Noji,
Yoshida, and co-workers succeeded in direct observation of the rotation of the F1-motor by means of a
microprobe technique.124 F1 is a water-soluble protein
conjugate, consisting of five different subunits called
R, β, γ, δ, and . In bovine mitochondrial F1, every
three R- and β-subunits are arranged alternately to
form a cylindrical heterohexamer having a cavity at
its center, which accommodates the γ-subunit, adopting a coiled-coil structure. The conjugate of the R-,
β-, and γ-subunits is called a “motor part”. F1 is
connected to F0 via a strap attached to the δ-subunit
located in proximity to the motor part. F1 involves
the -subunit, which guides the γ-subunit into the
cavity of F0. The crystal structure of native bovine
mitochondrial F1, solved in the form of an AMP-PNP
(ATP analogue) adduct,120,123 indicates that all the
R-subunits adopt a nearly identical conformation to
one another. In contrast, the three β-subunits adopt
different conformations depending on the nucleotidebinding mode. The crystal structure also shows that
the first β-subunit called βTP bears AMP-PNP in its
ATP-binding site, while the second one (βDP) has
ADP. The third one (βE) does not carry nucleotides.
The structure of native F1 is considered a snapshot
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Figure 17. Crystal structure of the closed form of the
β-subunit (βT). The arrow represents conformational change
to its open form (βE).

Figure 16. Crystal structure of F1-ATPase from bovine
mitochondria. Red, blue, and yellow segments represent
R-, β-, and γ-subunits, respectively. (a) Side view. (b)
Schematic structure of the motor part of F1-ATPase (R-,
β-, and γ-subunits).

of the rotating motor. The lower part of the γ-subunit,
which adopts a slightly bowing, asymmetric coiledcoil structure, is bent toward βE; therefore, the
carboxy-terminal domain of this β-subunit is swung
30° downward. Thus, βE adopts an “open” (O) form,
whereas βTP and βDP adopt a “closed” (C) form (Figure
17). More recently, the crystal structure of bovine F1,
with all the three ATP-binding sites occupied with
nucleotides, has been reported.121 In this crystalline
complex, the two β-subunits, corresponding to βTP and
βDP in the above-mentioned native complex, hold MgADP‚AlF4 as a phosphate inhibitor at their ATPbinding sites. Their structures are very similar to
each other and also to βTP and βDP. The β-subunit,
equivalent to βE, adopts a “half-closed” (C′) conformation and preserves Mg-ADP and sulfate at its ATPbinding site.
On the basis of the above structural features, the
following mechanism has been proposed for the
rotation of the F1-motor coupled with a catalytic
ATPase cycle (Figure 18). The model involving three
β-subunits, βTP-βDP(Pi)-βE, starts from the CTPCDP-O state, where βTP and βDP(Pi) (adducts of
β-subunits with ATP and ADP‚Pi, respectively) are
conformationally closed (CTP and CDP states, respectively), while βE (β-subunit without nucleotides) is
open (O state). At first, binding of ATP to βE takes
place, resulting in the transformation of βE to βTP (CTP
state) via an open-to-close conformational transition.
Simultaneously, βDP(Pi) in the CDP state undergoes

Figure 18. Schematic representation of the ATPase cycle
involving F1-ATPase. The symbols in brackets represent
the states of the corresponding β-subunits: O, open form;
CTP, closed form with ATP; CDP, closed form with ADP;
C′DP, half-closed form with ADP.

a transition to its half-closed form (C′DP state), while
the γ-subunit starts to rotate by 90°. In the second
step, βTP, upon hydrolysis of its bound ATP, is
transformed to βDP (Pi) in the CDP state. Here the
model is in the CDP-C′DP-CTP state. In the third
step, βDP(Pi) in the C′DP state releases ADP and Pi to
give βE in the O state, while the γ-subunit starts to
rotate by an additional 30°. After these events, the
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model is converted to the CDP-O-CTP state, ready
for the next 120° rotation to generate the O-CTPCDP state. After one more cycle, the model reverts to
the initial state (CTP-CDP-O) and accomplishes a
360° full rotation. Yoshida and co-workers have
reported more details of the rotation mechanism on
the basis of single-molecule observation of the F1motor immobilized on beads.125

2.5.3. Chemomechanical Properties of the F0-Rotor
As described in the introductory part, ATP synthases produce ATP using ion fluxes. This is a reverse
process of the rotary motion of the γ-subunit. Namely,
ion fluxes bring about a rotary motion of F0, which
triggers the rotation of the γ-subunit of F1 (Figure
15). By this rotation, the three β-subunits sequentially change their conformation from the “open” to
“half-closed” forms. Then, binding of ADP and Pi
takes place, and the β-subunits further change their
conformation to the “closed” form. In this way, the
360° full rotation of F0 results in the formation of
three molecules of ATP.
F0 is a hydrophobic transmembrane protein conjugate, which consists of three subunits called F0-a,
F0-b, and F0-c. One F0-a subunit assembles with two
F0-b subunits to form a strap, while F0-c subunits
construct a circular assembly. In the case of bacterial
ATP synthase, F0 requires a proton flux for rotation.
F0 is embedded in a phospholipid bilayer membrane
and includes in its cylindrical cavity the γ-subunit
as the shaft of F1-motor. Although F0 has not been
crystallographically defined yet, the crystal structure
of an F1‚(F0-c)10 conjugate, originating from yeast
ATP synthase, has been reported. The crystal structure shows the presence of a circular array of ten F0-c
subunits, which accommodates on its cytoplasmic
surface the shaft and -subunit.120,126
Along with the partial crystal structure described
above, mutation studies of F0 have suggested that a
periplasmic inlet channel allows protons to enter F0
and guides them to the Asp61 carboxylate in F0-c at
the a1b2 stator interface. When the Asp61 carboxylate
is protonated, a positively charged proximal residue
of F0-c moves away from the stator interface to the
membrane. After several steps, protons are released
from the outlet channel located on the F1-binding side
of the membrane. On the other hand, the γ-subunit
in F1 remains fixed at the top of the circular array of
the F0-c subunits, so that it rotates synchronously
with the rotation of F0.

2.5.4. Application of ATP Synthases
The rotary motions of ATP synthases generate a
torque of 80-100 pN nm-1, indicating a nearly 100%
efficiency for the energy conversion of the hydrolysis
of ATP into the rotary motion of the F1-motor.124,127
Thus, the application of ATP synthases to artificial
devices is a fascinating subject.
As a pioneering work, Noji, Yoshida, and coworkers have reported that an actin filament can be
rotated by the ATP-fueled rotary motion of the F1motor.124 At first, a biotin unit is attached to the F1motor through a cystein residue, which has been
introduced by site-directed mutagenesis, and the
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resulting conjugate is connected to a histidine decamer at the N-terminus of each β-subunit. This engineered F1-motor is immobilized on a glass plate,
whose surface has been covered by Ni2+-nitrilotriacetic acid (Ni-NTA) with a high affinity toward
histidine oligomers. Then, a fluorescently labeled,
biotinylated actin filament is attached via streptavidin to the γ-subunit of the engineered F1-motor.
Studies with epifluorescence microscopy have shown
that the filament rotates in an anticlockwise direction
when viewed from the membrane side. The torque
under a high load is estimated to be greater than 40
pN nm-1, which is much larger than those with other
biological linear motors such as myosins (3-6 pN
nm-1)128-130 and kinesins (5 pN nm-1).131,132 Later,
Montemagno and co-workers have fabricated arrayed
F1-motors on an engineered surface bearing nanoscale Ni posts, and they have succeeded in rotating
the Ni-based nanopropellers attached to the γ-subunit of F1-motors.133-135 The rotation of the nanopropellers is initiated by 2 mM ATP, while inhibited by
sodium azide. When a F1-motor having metal-binding
sites is used, the rotary motion can be switched on
and off reversibly in response to a change in [Zn2+].136
Rotary motions of the F1-motor driven by external
forces have been utilized for the synthesis of ATP.
For example, Dimroth et al. have reported the
synthesis of ATP by a voltage-driven rotation of the
F0-motor using an electrical potential generated with
a proteoliposome membrane.137 Hisabori and coworkers have incorporated a redox-active functionality into a bacterial F1-motor to control its rotary
motion by a redox reaction.138 Recently, Itoh and coworkers have reported the fabrication of an engineered F1-motor by attaching a magnetic bead to its
γ-subunit, and they have demonstrated the synthesis
of ATP by rotating the bead in an appropriate
direction using electromagnets.139

2.6. Chaperonins
Chaperonins are biological molecular machines,
which assist the folding of denatured or newly formed
proteins in their cylindrical cavity using the energy
derived from ATP hydrolysis.10 As shown in Figure
19, there are several examples of chaperones whose
crystal structures are known.140-144

2.6.1. Functional Aspects of Chaperonins
Chaperonins are classified into two groups. Group
I contains eubacterial chaperonins exemplified by
GroEL originating from E. coli, and homologous
chaperonins from mitochondria and chloroplasts.
These chaperonins have high affinities toward most
unfolded proteins both in vivo and in vitro, and they
assist protein folding in the presence of co-chaperonins such as GroES. Group II contains eukariyotic
chaperonin CCT and chaperonins from archaea.
These chaperonins promote protein folding without
co-chaperonins. In the eukaryotic cytosol, group II
chaperonins are more selective in trapping guest
proteins than group I chaperonins.
Most chaperonins adopt cylindrical or hollow spherical shapes. Group I chaperonins possess hydrophobic
binding sites at the entrance parts of their cav-
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Figure 19. Crystal structures of chaperonins from (a) E. coli, (b) Thermus thermophilus HB8, (c) T. acidophilus, and (d)
Thermococcus strain KS-1. Upper and lower structures represent top and side views, respectively. Chaperonins a and b
belong to group I, while chaperonins c and d belong to group II.

ity.140,142 These adhesive regions capture unfolded
proteins with a hydrophobic surface.145,146 Such a
guest-trapping chaperonin is bound to a co-chapero-

nin, such as GroES, by the assistance of ATP,146,147
whereupon the guest protein undergoes folding. Upon
binding of the second ATP molecule, GroES is de-
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Figure 20. Crystal structure of a subunit of GroEL composed of apical (green), intermediate (blue), and equatorial (red)
domains.

tached, and the guest protein is released.148,149 Thus,
the mechanical motions of chaperonins are quite
different from those of other biological machines such
as myosins, kinesins, and ATP synthases. X-ray
crystallography and cryo-electron microscopy have
been utilized for the structural understanding of the
biological functions of chaperonins.147,148

2.6.2. Structure and Chemomechanical Motion of
Chaperonin GroEL
GroE proteins, both large (GroEL) and small
(GroES), are found in E. coli,150 and the structures
of GroEL and the GroEL-GroES conjugate have
been crystallographically defined. GroEL is a 14-mer
of an identical protein subunit with a molecular mass
of 58 kDa, adopting a double-decker architecture
formed by the stacking of two supramolecular rings,
each consisting of seven protein subunits (Figures 19
and 20).140,147 The cylindrical cavity, which is surrounded by a 4.6-nm thick protein wall, is 14.6-nm
tall and has a diameter of 4.5 nm. GroES, a cochaperonin, is a bowl-shaped heptamer of a smaller
protein subunit, each having a molecular mass of 10
kDa. In the presence of ATP under physiological
conditions, GroES is bound to the apical domain of
GroEL and caps one of the entrance parts of its
cavity.151
GroEL consists of three essential parts: an equatorial domain located at the center of the junction of
the two heptameric rings, apical domains located at
the entrance parts of the cavity, and intermediate
domains covalently connected to the apical and
equatorial domains (Figure 20). The equatorial domain contains a nucleotide-binding site in proximity
to a hinge at the intermediate domain, where amino
acid residues D87, D52, K51, and T30 are located and
responsible for the hydrolysis of ATP.142 The inter-

mediate domains do not include binding sites for
nucleotides. However, they are considered to play an
important role in the allosteric information transfer
from one apical domain to the other, since mutations
in these domains exert strong effects on the biological
activity of GroEL. The apical domains possess binding sites for guest proteins and GroES, where two
helices, referred to as the H-helix and the I-helix,
exist and form a circular array for capturing unfolded
proteins via a hydrophobic interaction.145
The binding of ATP to the seven protein subunits
in the first heptomeric ring of GroEL is cooperative.
The first heptomeric ring with bound ATP exerts a
negative allosteric effect on the second heptomeric
ring, so that the binding of the next seven ATP
molecules is prohibited.146 This regulation makes the
two seven-membered rings asymmetric and allows
the ATPase cycle to run sequentially. As soon as the
binding of ATP occurs, GroES caps the apical domain
of GroEL, located in proximity to the ATP-bound site.
Consequently, the capped domain is swung 60°
upward and twisted by 90° to contact loops dangling
down from the GroES lid (Figure 21). This large
mechanical motion results in transforming the guestbound hydrophobic region of the cavity into an
enclosed chamber surrounded by hydrophilic residues. Simultaneously, the guest protein is pushed
inside the cavity and undergoes folding in a hydrophilic environment. At this stage, ATP is allowed to
bind to the other heptameric ring and gives rise to a
large conformational change. This structural change
is transmitted via a long-range allosteric interaction
to the opposite side capped with GroES.10,152,153 The
refolded guest, along with capping GroES, is then
released from the GroEL cavity. Thus, GroEL is a
biological molecular machine, which collaborates with
GroES and makes use of the ATP-triggered inter-
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Figure 22. Schematic representation of the capturing and
ATP-triggered release of CdS nanoparticles by chaperonin.

Figure 21. Crystal structure of the GroEL‚GroES‚ADP7
conjugate, where the two heptomeric rings in GroEL are
not identical to each other.

locked motion for the folding of proteins. Recently,
kinetic profiles of this folding process have been
investigated by means of single-molecule microscopy.154,155

2.6.3. Application of Chaperonins
If the mechanical motions of chaperonins can
operate for artificial guests, a variety of ATPresponsive intelligent devices could be fabricated.
McMillan and co-workers have fabricated nanodot
arrays by hybridizing zinc sulfide-coated cadmium
selenide (CdSe-ZnS) nanoparticles with a chaperonin protein originating from sulfolobus shibatae.156,157
This chaperonin is known to form a two-dimensional
(2D) crystalline sheet under appropriate conditions.158 They employed a genetically engineered
chaperonin having cystein residues at both entrance
parts of the cylindrical cavity. This chaperonin adopts
a double-decker architecture, where each ring consists of nine protein subunits. Thus, nine cystein
units are circularly arranged along each entrance of
the cavity, so that their thiol functionalities can
accommodate CdSe-ZnS nanoparticles to form nanodot arrays.
More recently, Aida, Kinbara, and co-workers have
succeeded in capturing and ATP-triggered release of
cadmium sulfide (CdS) nanoparticles by making use
of the mechanical motions of chaperonin proteins
(Figure 22).159 They employed two different chaperonins such as GroEL from E. coli and T.th cpn from
thermus thermophilus HB8.143,160 When a DMF solution of CdS nanoparticles with a mean diameter of
2-3 nm is added to a buffer solution of the chaperonins, the nanoparticles are trapped and stabilized
without coagulation. At 4 °C, the nanocomposites
with GroEL and T.th cpn both preserve the lightemitting activity of the CdS nanocluster for more
than one year, whereas the nanoparticles without
these chaperonins, under otherwise identical conditions to the above, rapidly undergo aggregation and
lose their emission in only 2 h. The presence of CdS
nanoparticles in the cavities of these chaperonins has

been clearly demonstrated by TEM and size-exclusion
chromatography, coupled with an absorption/emission dual detector. The thermal stabilities of these
nanocomposites are totally dependent on those of the
hosting chaperonins, and the nanocomposite with
T.th cpn, in particular, is stable up to 80 °C and
preserves the light-emitting activity. However, by the
action of ATP under physiological conditions, the
nanoparticles entrapped are readily released from the
chaperonins. Analogous to the biological event involved in the chaperonin-mediated protein folding,
the ATP-triggered release of the nanoparticles does
not take place without Mg2+ (nonphysiological conditions). Furthermore, ADP does not induce the release
of the nanoparticles. Thus, the release of the nanoparticles takes place most likely by the conformational change of the chaperonin proteins triggered by
Mg2+-ATP. This work demonstrates that the biological mechanical motions of chaperonin proteins are
applicable to the trapping and release of artificial
guests, and indicates a great potential of molecular
chaperons for the fabrication of bioresponsive nanodevices.

3. Artificial Molecular Machines
3.1. Molecular Machines with DNA
DNA has been an attractive candidate for the
construction of molecular nanodevices, since an appropriate choice of base-pairs guarantees the formation of double strands that allow site-specific displacement of functional units. Along with this
advantage, DNA is conductive, and various DNA
sequences have been utilized for the fabrication of
molecular wires, molecular grids, and other nanoscale
molecular objects. Since DNA strands have some
conformational isomers, their stimuli-responsive conformational changes are attractive for the fabrication
of switching devices.
Seeman and co-workers have reported a DNAbased molecular switch by utilization of a metal iontriggered transition from B (right-handed) to Z (lefthanded) forms (Figure 23).13 The molecular switch
consists of three different DNA strands, which are
designed to hybridize together to form a rodlike DNA
motif consisting of two double-crossover, antiparallel,
odd-number DNA (DAO) domains. The longest strand
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Figure 23. DNA-based twisting molecular machine utilizing a metal ion-triggered transition from B (right-handed)
to Z (left-handed) forms.

Figure 24. DNA-fueled molecular tweezers composed of
a three-stranded DNA (A-C). The “fuel-DNA” (F) has a
complementary sequence to the dangling chains linked to
the strands B and C. TET ) 5′-tetrachlorofluorescein
phosphoramidate. TAMRA ) carboxytetramethylrhodamine.

contains two, short d(CG)10 domains, which are
intended to form intramolecularly a duplex region in
the middle of the above DNA motif. Fluorescent
probes such as fluorescein and sulfoindocarbocyanine
(Cy3) are incorporated site-specifically into the DNA
motif at the edges of the DAO domains close to the
duplex region, so that one can detect the conformational transition at the duplex region by fluorescence
resonance energy transfer (FRET) from the former
to the latter. In fact, the duplex part is transformed
from B to Z upon addition of Co(NH3)63+. The transition is accompanied by twisting of the DNA motif at
the duplex domain and lowers the FRET efficiency.
Yurke and co-workers have reported a DNA-based
molecular machine operative by using DNA as a
fuel.161 The machine consists of a three-stranded
DNA (A-C in Figure 24) that looks like tweezers
with an “open” geometry. The “fuel-DNA” (F) has a
complementary sequence to the dangling chains
linked to the strands B and C. Upon addition of the
fuel, the two dangling chains are bound to one
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molecule of fuel F to form a new DNA double strand.
Consequently, the tweezers are transformed to adopt
a “closed” geometry. When the single-strand DNA
“F′” (“removal-DNA”) having a complementary sequence to F is added, F is removed from the tweezers
via hybridization with F′ to produce a doublestranded DNA “F‚F′” as waste. Thus, the tweezers
are able to revert to the “open” geometry. From the
sequence of these events, the open-close motion of
the molecular tweezers can be considered to be fueled
by DNA. A similar strategy has been utilized for the
molecular design of the “nanoactuators”, which contract and elongate themselves reversibly in response
to the “fuel-DNA”.162,163 Yurke et al. call this molecule
a “DNA-fueled molecular device”. In relation to these
studies, Seeman and co-workers have employed a
paranemic crossover DNA for the design of a twisting
molecular device fueled by DNA. The DNA device
utilized in this study has two topoisomers, which are
designed to switch from one to the other by hybridization with different DNAs having a complementary
sequence.164 The interconversion induced by such a
complementary DNA is accompanied by a twisting
motion of the crossover DNA. Tan165 and Mergny166
et al. have reported the utilization of a DNA quadruplex-duplex transition for the fabrication of a
nanoactuator. In these cases, a DNA molecule, which
unimolecularly folds to give a G-quadruplex, is mixed
with a single-stranded complementary DNA, whereupon the G-quadruplex is transformed to a heteroduplex. The resultant heteroduplex can be transformed into the initial homoquadruplex by the removal
of the hybridized DNA with the “removal-DNA”.
Since this transition is accompanied by a change in
molecular length (5′-3′ distance) between 1.5 and 7
nm with a calculated force of ∼8 pN, the system is
referred to as a “DNA-fueled actuator”. Balasubramanian et al. have reported a pH-triggered duplexquadruplex transition by using the oligo-C-based I
motif quadruplex,167 where the actuation can be
repeated more than 30 times and generates a calculated force ranging from 10 to 16 pN. Mao et al. have
utilized a pH-driven duplex-triplex transition for the
design of a DNA nanomachine that undergoes an
open-close motion in response to a pH value
change.168 Seeman169 and Pierce170 et al. have reported DNA-fueled walking devices, in which a DNA
biped can walk along a DNA track. More recent
examples include a DNA-fueled molecular gear,171 in
which a pair of DNA circles continuously rolls against
each other. Simmel et al. have reported a DNA-based
molecular machine that can control the activity of
thrombin by DNA-fueled binding and release.172
One of the essential problems in DNA-fueled molecular machines is that these systems require sequential addition of the “fuel-DNA” and “removalDNA” in an alternating manner. If both are added
all at once, the “fuel-DNA” is consumed by the
preferential hybridization with the “removal-DNA”,
and the machines would not operate. Turberfield and
co-workers have reported the concept of secondgeneration “fuel-DNA”, which is designed to interact
selectively with a machine by the introduction of an
appropriate protective unit.173 After the binding with
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Figure 25. Azobenzene-based molecular machines for
selective cation binding.

the machine, “fuel-DNA” automatically releases such
a protection and is then removed from the machine
by the hybridization with the “removal-DNA” to
become a waste. Thus, an automatic operation of the
machine is possible as long as initially added “fuelDNA” remains in the system. Recently, Mao and coworkers have reported such an autonomous DNA
motor, where a DNA enzyme is incorporated as a
driving part.174,175 In this system, the enzymic part
catalyzes the cleavage of a DNA-RNA chimera
substrate. This catalytic process is accompanied by
conformational changes of the enzymic part, which
trigger an open-close motion of the motor part.

3.2. Molecular Machines with Nonbiological
Components
The concept of molecular machines was proposed
more than 40 years ago by Feynman, who gave a
lecture including some potentials of miniaturized
machineries.176 One of the ultimate goals of research
on synthetic molecular machines is to fabricate
nanorobots, which perform intelligent functions via
programmed motions.
The first-generation molecular machines include
photoresponsive azacrown ethers and related compounds (1-3) reported by Shinkai and co-workers
(Figure 25).177-179 For example, when an azacrown
ether including a photoisomerizable azobenzene unit
is exposed to UV and visible light,177 the molecule
reversibly changes its conformation, leading to a
change in the affinity toward alkali metal ions. When
two crown ether units are bridged by an azobenzene
unit, the molecule undergoes a butterfly-like motion
through a photoinduced isomerization at the azobenzene hinge (2).178,179 Shinkai et al. have extended this
approach to molecular systems having two azobenzene units. Examples include a photoresponsive cyclic
ionophore containing two azacrown units bridged by
two azobenzene units (3).180 During the photoisomerization of this molecule, only the trans-trans and
cis-cis forms are observed, while no trans-cis (cistrans) form is detected, suggesting a cooperative
isomerization of the two azobenzene units. On the
basis of these pioneering works, a variety of synthetic
molecular machines have so far been reported, which
are based on molecular knots such as catenanes and
rotaxanes,14-17 along with some isomerizable molecules.181,182

Figure 26. Chiral molecular motor composed of a tetrasubstituted alkene. Photoinduced and thermal-induced
unidirectional rotation.

To mimic biological molecular machines, one of the
most challenging subjects is to realize unidirectional
rotary and sliding motions. As described in the above
sections, ATP synthases rotate in a counterclockwise
direction, while kinesin motors walk along a microtubule from the minus to plus ends. Other important
subjects include the integration of multiple interlocked moving components into single molecules for
demonstrating highly intelligent motions, as required
for molecular robotics. For application to molecular
devices, one may also have to consider how to realize
tandem actions of a large number of molecules
moving on substrates.

3.2.1. Unidirectional Rotary Motions (ATP Synthase and
Flagella Mimics)
Some synthetic molecular motors that rotate unidirectionally have been reported.183,184 Feringa, Harada, and co-workers have succeeded in the design of
a chiral molecular motor, which rotates unidirectionally by applying light and heat in a sequential
manner.185 The molecule includes a photoisomerizable tetrasubstituted alkene bearing two large aromatic rings, which has a helical chirality due to a
distortion around the C-C double bond, caused by a
steric repulsion among the substituents on the alkene
part (Figure 26). Upon irradiation at -55 °C with
light of wavelength longer than 280 nm, the alkene
part undergoes trans-to-cis isomerization to afford a
highly strained cis isomer. On heating to 20 °C, the
cis isomer undergoes a flipping motion with respect
to the aromatic rings to give an oppositely twisted
helical isomer. When this isomer is again exposed to
light of wavelength longer than 280 nm, the cis form
undergoes isomerization to give a highly strained
trans isomer, which flips upon heating to 60 °C to
return to the initial state. Although the rotation is
not continuous but stepwise, the light- and thermalinduced steps, in principle, can be repeated many
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Figure 27. Phosgene-fueled chiral molecular rotor composed of helicene and triptycene.

times, and the molecule may be called a “molecular
motor”. Later, this prototype molecular motor was
improved.186-188 More recently, Feringa and co-workers integrated a molecular motor into a cholesteric
liquid crystalline matrix, where the rotation of the
motor switches the helical pitch of the matrix and
therefore changes the reflection wavelength of the
light.189
Kelly and co-workers have reported a chiral molecular rotor by combining an aminotriptycene to a
helicene having a hydroxy group. This rotor is chemically fueled by phosgene (Figure 27).190-192 The triptycene-helicene bond of this molecule rotates, upon
addition of phosgene to the amino group, to generate
an isocyanate group, which then reacts with the
hydroxy group of the helicene part to afford an
urethane linkage. The resultant urethane derivative
undergoes a partial rotation of the triptycene part
to give a thermally stable conformer. Reductive
cleavage of the urethane linkage gives a rotational
isomer of the initial compound. Although the rotation
occurs unidirectionally, a full rotation (360°) has not
been achieved.
Leigh and co-workers have reported a catenanebased molecular machine, where two identical small
rings are catenated with one large ring bearing four
different stations (Figure 28).193-195 A unidirectional
rotation of the small rings along the large ring is
achieved by their sequential complexation and decomplexation with the four station parts by applying
light, heat, and chemical stimuli. The presence of the
two small rings in this catenated system is essential
for the unidirectional rotation, as one of the rings
eventually blocks the other from undergoing a Brownian movement backward.
With respect to the reality of directed molecular
rotation by polarized lights, Hoki and co-workers
have reported theoretical calculations on the laserpulse-induced motion of a small molecule bearing a
formyl group as a rotating part.196-198 In their prediction, unidirectional rotation of the formyl group
would occur by irradiation with a laser pulse, al-

Figure 28. Catenane-based molecular rotor. A unidirectional rotation of the small rings along the large ring is
achieved by their sequential complexation and decomplexation with four station parts A-D on exposure to light,
heat, and chemical stimuli.

though effects of the chirality of the molecule are
expected to be more predominant than those of the
polarity of light on the direction of the formyl
rotation.

3.2.2. Directed Sliding Motions (Myosin and Kinesin
Mimics)
Although there are several molecular systems that
realize unidirectional rotations, examples of directional sliding with artificial molecular machines are
still rare.
In 1994, Stoddart and co-workers reported, on the
basis of their rotaxane synthesis,199 a pioneering work
on stimuli-responsive rotaxanes composed of a macrocyclic ring containing two bipyridinium units and
a oligoether shaft having 4,4′-diaminobiphenyl and
4,4′-dialkoxybiphenyl stations (Figure 29). The macrocyclic ring shuttles between these two stations
upon redox chemistry of the diaminobiphenyl station
or protonation/deprotonation of its amine moieties.
This work has elegantly been extended to the design
of some stimuli-responsive molecular knots that
perform directed sliding motions.16,17 Recent ex-
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Figure 29. Rotaxane-based molecular shuttle (upper) and an elevator (lower).

amples include a mechanically interlocked system
consisting of three rotaxane components, formed by
the combination of a triphenylene-based platform
with three crown ether units and a triphenylbenzene
derivative with three shafts, each having bipyridinium and amine moieties (Figure 29).200 The rotaxane components undergo sliding motion in response to chemical stimuli. Stoddart et al. refer to
this system as a “molecular elevator”, since the
triphenylene-based platform goes up and down, in
response to protonation/deprotonation of the amine
moieties, as the result of a tandem motion of the
three rotaxane units. When the platform moves from
the upper to lower levels, a force up to 200 pN is
generated.
Sauvage and co-workers have synthesized artificial
molecular muscles that undergo elongation and
contraction, by integrating two pseudorotaxane components into a supramolecular complex (Figure
30).15,201-203 The complex consists of a dimer of a
molecule having a phenanthrolin-containing chelating ring and a dimeric phenanthrolin shaft. In the
presence of metal ions, each ring is threaded by the
shaft of another molecule to form a pseudo-rotaxane.
When Cu+ is added, the complex adopts an “extended” form, where the phenanthroline units in the
rings and shafts both coordinate to Cu+. When Cu+
is removed and then Zn2+ is added to this system,
the phenanthroline units in the rings and the terpyridine units in the shafts both coordinate to Zn2+,

so that the entire molecule turns to adopt a “contracted” form. On repetition of this sequential complexation/decomplexation cycle, the molecule undergoes elongation and contraction reversibly, and the
system is regarded as an artificial myosin mimic. The
bis-rotaxane compound, upon transition from its
extended to contracted forms, is estimated to change
from 83 to 65 Å in length. The extent of this change
is roughly comparable to those of natural muscles
(∼27%).
Rowan, Nolte, and co-workers have proposed that
a manganese porphyrin-appended toroidal catalyst
can mimic processive enzymes in epoxidation of
polybutadiene (Figure 31).204,205 When the open face
of the toroidal catalyst is blocked by the coordination
of a bulky ligand such as 4-tert-butylpyridine to the
manganese porphyrin, the catalyst is bound to polybutadiene to form a pseudo-rotaxane. The toroidal
catalyst is expected to preserve the rotaxane structure and epoxidize olefinic double bonds processively
by walking from one end of the polybutadiene chain
to the other. Although the proof for the unidirectional
movement of the catalyst awaits further studies, the
turnover number of this supramolecular catalytic
reaction (7-21) is almost comparable to that for the
reaction mediated by cytochrome P-450 (0.1-60).206,207

3.2.3. Multiple Interlocked Motions
In daily life, we utilize many machines, most of
which include several moving parts that perform

Directed Motions of Molecules and Assemblies

Chemical Reviews, 2005, Vol. 105, No. 4 1395

Figure 30. Rotaxane-based molecular muscle operative by redox-driven complexation/decomplexation with metal ions.

(Figure 32).208 Since the ferrocene unit is chiral, one
can clearly observe a pivotal motion at the ferrocene
unit by a change in the circular dichroism spectral
profile of the enantiomers in response to ultraviolet
and visible lights. Incorporation of some functional
units into the chiral scissors would give a new class
of photoresponsive molecular machines.

3.2.4. Coherent or Tandem Directed Motions of
Assembled Molecules

Figure 31. Manganese porphyrin-appended linear-motor
catalyst for the epoxidation of polybutadiene. The epoxidation on the open face of the catalysts is suppressed by
the coordination with a bulky ligand (yellow oval).

different motions. Upon connection of those moving
parts, their different motions are interlocked to give
desired outputs. For example, in engines, a piston
action is translated into a rotary motion. A molecular
machine that performs internal conversion of moving
mechanisms has recently been developed.
Kinbara, Aida, and co-workers have reported photoresponsive molecular scissors containing azobenzene and ferrocene units, where a photodriven contracting/elongating motion of the azobenzene unit is
translated into a pivotal motion at the interlocked
ferrocene unit and then to an open-close motion of
the blade parts connected to the ferrocene unit

As described above, through extensive studies on
the behavior of individual molecules in solution, a
variety of molecular and supramolecular systems
have been found to perform directional motions.
However, for the application of molecular machines
in practical use, it is crucial to realize coherent and/
or tandem directed motions of such molecules aligned
on substrate surfaces.
Ichimura and co-workers have reported a lightcontrolled motion of a liquid droplet on a photoresponsive surface.209 In this study, a droplet such as
water or olive oil is put on a silica surface covered
with a monolayer of a calixarene bearing four 4-octylazobenezene moieties at one of the rims of its cyclic
skeleton (Figure 33). Photoirradiation gives rise to a
gradient in surface free energy due to the isomerization of the azobenzene groups on the surface, leading
to a directional motion of the droplet. The direction
and velocity of the droplet motion are tunable by
varying the direction and steepness of the gradient
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Figure 32. Light-driven chiral molecular scissors composed of azobenzene and ferrocene units. (a) Structure and (b)
schematic representation of its light-driven open-close motion.

Figure 33. Structure of a photoresponsive calixarene
deposited on a silica surface.

in light intensity. This is a physical approach to the
unidirectional movement of macroscopic objects.
Sheiko, Möller, and Percec have observed persistent motion of small clusters of monodendronjacketed linear chains on a surface of highly oriented
pyrolytic graphite (HOPG).210 The motion can be
ascribed to contraction/elongation events of the polymer backbone due to the desorption/adsorption of the
densely grafted side groups. When cylindrically shaped
molecules adsorb to a flat substrate surface, their
conformations are controlled by a steric repulsion
between the adsorbed side groups (or chains). Owing
to the very high grafting density, the backbone gets
extended. However, it contracts again if some of the
side groups eventually desorb. It is believed that the

coherent contraction/extension cycles of neighboring
molecules in the cluster give rise to a translational
motion. The large persistence length or directionality
of the motion is ascribed to an epitaxial alignment
of the cylindrical molecules along the crystallographic
directions of the graphite lattice. The controlled
adsorption of side chains in brushlike molecules
provides a new tool for triggering the motion of
hyperbranched macromolecules as individual species
as well as collective sliding of monolayer films on
surfaces. Recently, Sheiko and Matyjaszewski have
reported molecular visualization of poly(butyl acrylate) cylindrical brushes as they spread on a solid
substrate.211 These experiments make it possible to
follow the fluid transport on the molecular level,
thereby enabling microscopic understanding of the
underlying physical mechanism.
Ikeda and co-workers have shown that a film of a
cross-linked liquid-crystal network containing an
azobenzene chromophore serves as a photoresponsive
actuator sheet, which can be repeatedly bent along
any chosen direction by using linearly-polarized
ultraviolet and visible light.212 In the film, the
azobenzene units in each liquid crystalline domain
are unidirectionally aligned. When the film is exposed
to a linearly-polarized light, the azobenzene units
parallel to the polarized light are selectively excited
to give the corresponding isomers. Since photoisomerized domains give rise to the macroscopic
contraction of their volume, bending of the film takes
place along a direction of the polarized light. In
contrast, if the azobenzene units in a single liquid
crystalline domain are not aligned, such a macroscopic motion of the film cannot be expected.
Tabe and Yokoyama have reported a coherent
collective precession of chiral rodlike molecules in a
liquid crystalline monolayer driven by the transmembrane transfer of water molecules.213 When a

Directed Motions of Molecules and Assemblies

Chemical Reviews, 2005, Vol. 105, No. 4 1397

return, unless it is reduced, but remains on the
dialkoxynaphthalene moiety even after the oxidized
TTF unit is reduced to a neutral state. Thus, in this
device configuration, there are two different neutral
states A0 and B0 for the catenane in terms of the
topology of the 2Bpy2+ ring. Stoddart et al. have also
reported that these two neutral states can be switched
by applying voltages of +2 and -2 V. Since one of
the neutral species (B0) is electroconductive but the
other (A0) is an insulator, the catenane behaves like
a switching device for electric circuits.

4. Conclusions

Figure 34. Schematic representation of a catenane-based
switching device for electric circuits. Counteranions (PF6-)
are omitted for clarity.

rodlike molecule with a chiral epoxide group is placed
on glycerol to from a monolayer, it is tilted toward
the monolayer surface to allow precession. Studies
with reflected-type polarizing microscopy have shown
a characteristic oscillation pattern of the reflection,
suggesting a coherent rotary motion of a number of
the molecules in each domain. Such a rotary motion
driven by a transmembrane flux is reminiscent of the
mechanical motion of F0-ATPase.

3.2.5. Molecular Machinery for Devices
An exploration has just started for the device
application of molecular machines that can realize
directed motions. An interesting issue is whether the
behaviors of these molecules on dry substrate surfaces are similar to those in solution.214
Stoddart, Heath, and co-workers have reported a
[2]catenane-based electronic switching device consisting of a monolayer of a [2]catenane placed on an
n-type polycrystalline silicon bottom electrode and
covered by a metallic top electrode (Figure 34).215,216
The [2]catenane is composed of two macrocyclic rings,
one containing two electron-deficient bipyridinium
moieties (2Bpy2+) and the other carrying 1,5-dialkoxynaphthalene and tetrathiafulvalene (TTF) moieties.
While the 2Bpy2+ ring in MeCN is initially located
at the electron-rich TTF moiety (A0), it moves onto
the dialkoxynaphthalene moiety upon oxidation of
the TTF unit, and it returns to the initial place upon
reduction of the oxidized TTF. In contrast, when
sandwiched by the electrodes, the catenane shows a
hysteretic behavior, where the 2Bpy2+ ring does not

Nanotechnology is expected to contribute to “labon-a-chip” technologies, where miniaturized electronic devices and mechanically movable parts are
assembled on a single chip to efficiently perform
required tasks. Through the present review article,
one may recognize the substantial advances in the
mechanistic understanding of moving proteins in
biological systems and molecular design of secondgeneration artificial molecular machines. Although
biological and artificial molecular machines are potential candidates as components for miniaturized
devices, both possess certain advantages and disadvantages. For example, biomolecular nanomachines
mostly operate under wet conditions, require ATP as
the fuel or ion fluxes to operate, and are thermally
unstable. However, they can provide directed or
programmed motions. In contrast, although most
artificial molecular machines reported so far are less
sophisticated and cannot achieve complicated motions, they are more robust and may be operative
under a variety of conditions. One of the attractive
approaches toward the realization of molecular machinery would be to hybridize biological and artificial
movable components. Although seamless integration
and proper alignment of those movable parts needs
a lot of hard work, their complimentary role may lead
to a higher durability and even more sophisticated
performances. The dream of molecular robotics might
come true within the next 10 to 20 years. For
example, a light-tracking, self-propelled molecular
robot that carries cargo to a designated point might
be realistic.
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